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EssentialsPlatelets form hemostatic plugs and under pathological conditions contribute to thrombosis.Platelets sense and mechanotransduce physicochemical cues and generate biomechanical forces.Biophysical tools can quantify single‐platelet biomechanics during hemostasis and thrombosis.Platelet biomechanical properties may serve as useful biomarkers of platelet dysfunction.

1. INTRODUCTION {#rth212313-sec-0002}
===============

Platelets are discoidal, anucleate, multifunctional cellular fragments (1‐3 µm in diameter) generated from bone marrow megakaryocytes and are released into the blood circulation.[1](#rth212313-bib-0001){ref-type="ref"} Circulating platelets are essential for hemostasis. They "survey" the integrity of the vascular system. Upon vascular injury, platelets adhere to the exposed extracellular matrix (ECM) and form a hemostatic plug to seal the wound. However, platelets may also contribute to thrombosis, in case of pathological clot formation. Platelets function as complex biological units that sense and mechanotransduce physicochemical cues and stimuli from their surrounding environment (ie, outside‐in signaling via ligand receptor--mediated interactions) and actively respond through mechanotransduction events (ie, inside‐out signaling triggering platelet adhesion, activation, spreading and contraction).[2](#rth212313-bib-0002){ref-type="ref"} Platelet activation at interfaces is associated with spreading and involves the formation of lamellipodial and filopodial protrusions. These processes result in generation of biomechanical contractile forces through interactions between platelet cytoskeletal components (eg, actin, myosin, tubulin, and several other proteins), which regulate, from the internal side of platelets, distribution of surface receptors (eg, glycoprotein Ib‐V‐IX complex, integrin α2β1 and αIIbβ3) that recognize the ligands (eg, von Willebrand factor), exposed ECM (eg, collagen), and activated platelets.[3](#rth212313-bib-0003){ref-type="ref"} Apart from their protective function, platelets contribute to pathophysiological conditions and onset of diseases as they interact with cells of the vasculature, a wide variety of cells from the adaptive and innate immune system, and pathogens of viral and bacterial origins.[4](#rth212313-bib-0004){ref-type="ref"} These dynamic interactions occur at length scales from nanometers to several microns and at time scales of milliseconds up to minutes mediated by specific receptors. Little is known about the longer‐term functions of platelets, that are incorporated into a thrombus. Currently, in platelet research a wide array of methods are practiced routinely to decipher such interactions and their outcomes for research as well as for diagnostic purposes in clinical practice. Frequently used in vitro and ex vivo assays are platelet aggregometry in platelet‐rich plasma or in whole blood by impedance aggregometry and rheological techniques (require relatively large sample volumes); flow cytometry (requires small sample volumes but is often restricted to end‐point readout); and real‐time thrombus formation in parallel plate flow chambers (which allows insights into clot formation).[5](#rth212313-bib-0005){ref-type="ref"} Although these approaches have significantly improved our understanding of hemostasis and thrombosis from a biochemical and cell biological perspective, much less is known about underlying biomechanical properties and biophysical forces generated, which govern protective functions such as hemostasis and pathophysiological origins of thrombosis. Within this context, several of these methods are not sufficiently informative to assess directly biomechanical properties of single platelets and how these in turn influence platelet function and how they drive the complex spatiotemporal dynamics during hemostasis and thrombosis.

1.1. Why should we investigate biomechanical properties of single platelets using single‐cell biophysical techniques, and what does this add to our current knowledge of platelets in both hemostasis and thrombosis? {#rth212313-sec-0003}
---------------------------------------------------------------------------------------------------------------------------------------------------------------------------------------------------------------------

Given the extent of cell‐to‐cell variations, rare subpopulations, and intrinsic fluctuations within biological systems, bulk population‐level experiments often conceal and average out vital causal relationships underlying the biological phenomena.[6](#rth212313-bib-0006){ref-type="ref"} Single‐cell biophysical techniques and their sensitivity have enabled quantification and unveiling of previously unknown relationships and fundamental paradigms in platelet biology and their underlying biomechanical principles with a resolution up to single‐molecule level.[7](#rth212313-bib-0007){ref-type="ref"}, [8](#rth212313-bib-0008){ref-type="ref"}, [9](#rth212313-bib-0009){ref-type="ref"}, [10](#rth212313-bib-0010){ref-type="ref"} However, many of these single‐cell techniques are still limited in their ability to scale to measure a suitably large number of individual cells and independent samples.[11](#rth212313-bib-0011){ref-type="ref"} In this review, we focus on biophysical methods suitable to assess and quantify biomechanical characteristics such as elastic modulus, stiffness (or deformability), forces generated during adhesion, and spreading and contraction of single platelets in health and disease states. We also provide some insights into limitations and highlight improvements of the methods described herein. Most of the methods described in this review rely on application of external mechanical forces such as stretch, compression, and shear (Figure [1](#rth212313-fig-0001){ref-type="fig"}) to quantify biomechanical properties of single platelets. This review is specifically directed toward clinician scientists and beginners who are interested in exploring applications of single‐cell--based biophysical approaches in unraveling the role of platelet biomechanics in hemostasis and thrombosis research.

![Simplified schematics and glossary of terms used for defining mechanical properties of a deformable biological viscoelastic material (A) with a defined area *A*, initial length *L0* and width *W0* under applied shear force $\overset{\rightarrow}{F}$ undergoing sample elongation Δ*L* along the direction of the shear (B). The same deformable viscoelastic material can be either stretched (ie, material undergoes elongation) (C) or compressed (ie, material undergoes deformation) under the application of external force $\overset{\rightarrow}{F}$ perpendicular to the surface area A, resulting in changes in length *Ln* and width *Wn*, thereby allowing determination of several mechanical parameters including the Young's modulus *E.* (Figure [1](#rth212313-fig-0001){ref-type="fig"} was adapted and modified from Wu et al.[11](#rth212313-bib-0011){ref-type="ref"})](RTH2-4-386-g001){#rth212313-fig-0001}

2. TECHNIQUES FOR MEASURING THE BIOMECHANICAL PROPERTIES OF SINGLE PLATELETS {#rth212313-sec-0004}
============================================================================

2.1. Micropipette aspiration {#rth212313-sec-0005}
----------------------------

Micropipette aspiration has been indispensable for membrane biophysicists interested in quantifying phase behavior, elasticity, and rupture tension of lipid bilayers.[12](#rth212313-bib-0012){ref-type="ref"}, [13](#rth212313-bib-0013){ref-type="ref"}, [14](#rth212313-bib-0014){ref-type="ref"} When applied to single cells, micropipette aspiration allows for measuring the biomechanical properties of single cells by observing cellular deformation upon application of defined suction pressure.[15](#rth212313-bib-0015){ref-type="ref"} It is one of the earliest biophysical tools used in single‐platelet manipulation and quantification of platelet biomechanics.[16](#rth212313-bib-0016){ref-type="ref"} Micropipette aspiration (Figure [2](#rth212313-fig-0002){ref-type="fig"}A), as the name suggests, relies on suction of part of the single‐platelet membrane into a borosilicate glass micropipette (inner diameter of 0.5‐1.5 µm) connected to a micromanipulator by applying negative pressure in a stepwise manner. The subsequent change in the length of the platelet membrane aspirated into the micropipette over time is tracked by video microscopy (Figure [2](#rth212313-fig-0002){ref-type="fig"}B).[15](#rth212313-bib-0015){ref-type="ref"}, [17](#rth212313-bib-0017){ref-type="ref"} The data obtained from this type of experiment is then used to characterize material properties of a deforming cell using the Law of Laplace, which gives the relationship between the surface tension and pressure within a fluid drop that has a membrane with surface tension in it (Figure [2](#rth212313-fig-0002){ref-type="fig"}C). Depending on the instrument setup, suction pressures from 0.1 pN/μm^2^ up to 101 325 N/m^2^ (ie, atmospheric) can be applied and membrane tension forces between 10 pN up to 10^4^ nN can be measured with a membrane edge detection accuracy of ±25 nm.[18](#rth212313-bib-0018){ref-type="ref"} Using micropipette aspiration viscoelastic and biomechanical changes in single platelets induced by soluble antithrombotic drugs (eg, acetylsalicylic acid), platelet agonists (eg, ADP, thrombin, and the calcium ionophore A23187) and influence of cytoskeleton destabilizing drugs (eg, vincristine, colchicine, taxol, and cytochalasin D) on platelet cytoskeleton have been comprehensively assessed.[16](#rth212313-bib-0016){ref-type="ref"}, [19](#rth212313-bib-0019){ref-type="ref"}, [20](#rth212313-bib-0020){ref-type="ref"} Micropipette aspiration measurements show the Young's modulus of resting platelets is about 1.7 ± 0.63 × 10^3^ dyn cm^−2^ with a viscous modulus of 1.0 ± 0.5 × 10^4^ dyn s cm^−2^.[21](#rth212313-bib-0021){ref-type="ref"} In addition, the mechanistic effect of low‐temperature--induced (platelets cooled to 4°C and rewarmed to 37°C) platelet deformation was shown to be directly dependent on microtubule integrity.[22](#rth212313-bib-0022){ref-type="ref"} Furthermore, the capacity of platelets from patients with Bernard--Soulier syndrome, gray platelet syndrome, and MYH9 disorders to undergo membrane deformation based on their size have been characterized by micropipette aspiration.[23](#rth212313-bib-0023){ref-type="ref"} In particular, these measurements revealed that platelets from Bernard--Soulier syndrome required application of lower suction pressure thresholds during aspiration, showed longer membrane protrusions within the micropipette, and were highly deformable in comparison to normal platelets. Apart from single platelets, recently, micropipette aspiration has been also used to investigate the megakaryocyte cytoskeletal biomechanics and its influence on pro‐platelet formation.[24](#rth212313-bib-0024){ref-type="ref"}

![A, Schematic diagram of micropipette aspiration setup of a single resting platelet. The micropipette movement immersed in platelet suspension is controlled by a precision micromanipulator, Δ*P*a is the aspiration pressure applied parallel to the *z*‐axis through the aspirator, *R*i and *R*o‐inner and outer radius of the micropipette respectively and *L* ~pro~ is the length of the protrusion of platelet body into the micropipette. Change in *L* ~pro~ is recorded continuously with a high‐speed camera. B, Micropipette aspiration is a dynamic procedure with three distinct stages: In Stage I (initial), radius of protrusion *R* ~pro~ \> *L* ~pro~, the length of protrusion. During Stage II (critical) *R* ~pro~ = *L* ~pro~ and in Stage III (final) *R* ~pro~ \< *L* ~pro~. In Stage II when *L* ~pro~/*R* ~pro~ = 1, the Law of Laplace can be applied to determine the surface tension n (SI units pN/μm). C, Simplified schematics of the Law of Laplace, which provides a relationship between the radius *R* of a membrane of a spherical cell subjected to the pressure difference Δ*P* = *P* ^int^ − *P* ^out^, where *P* ^int^ and *P* ^out^ are the pressures inside and outside the cell, respectively. The membrane force *F* ^mem^ = *n* 2π*R* is the result of the surface tension n acting on the cell membrane along the circumference *C* = 2*PR* as shown in the free body diagram of a spherical cell cut in half. It is in equilibrium with the forces *F* ^pre^ resulting from the pressure difference Δ*P* acting on the cell area *A* = *PR* ^2^. Combining these two we arrive at the Law of Laplace, which gives the relationship between cell wall and its curvature 1/*R* in terms with the surface tension n. Applying this to the critical Stage II during micropipette aspiration where *R* ~pro~ = *L* ~pro~ for radius of protrusion and that of cell we can effectively determination the surface tension n of the cell. (Figure modified from Gonzalez‐Bermudez et al.[15](#rth212313-bib-0015){ref-type="ref"})](RTH2-4-386-g002){#rth212313-fig-0002}

Even though there are several elegant examples of the use of micropipette aspiration to elucidate fundamental biophysical properties of platelets, this method is seldom used for single‐platelet analysis. This is mainly due to its low throughput, and it is technically highly demanding. Recent developments in miniaturization and automation to biomechanically characterize a few hundred cells in a single experiment by using parallel arrays of serial micropipettes assembled into a microfluidic device may potentially be able to also facilitate investigation of platelets.[25](#rth212313-bib-0025){ref-type="ref"}, [26](#rth212313-bib-0026){ref-type="ref"} Additionally, such devices would have the advantage over rapid exchange of soluble agonists/antagonists around the cells within millisecond time scales, thus facilitating measurement of kinetics of biomechanical changes in real time.

2.2. Atomic force microscopy {#rth212313-sec-0006}
----------------------------

The technique of atomic force microscopy (AFM), also known as scanning force microscopy, provides the capability to simultaneously visualize and quantify mechanical properties of both organic and inorganic materials in 3 dimensions on a nanometer (nm) scale at ambient atmospheric conditions, and in solution, including (biological) buffers, beyond the light diffraction limit.[27](#rth212313-bib-0027){ref-type="ref"} AFM can achieve a lateral resolution up to 1 nm, or below with a subatomic vertical resolution limit of \<0.1 nm while simultaneously allowing direct visualization of dynamic molecular events at millisecond time scales.[28](#rth212313-bib-0028){ref-type="ref"}, [29](#rth212313-bib-0029){ref-type="ref"} One of the most important features of AFM is its ability to manipulate single molecules and cells, thus facilitating measurement of intermolecular forces generated by biological systems down to sub‐picoNewton (pN) regimes. These powerful features have made AFM the tool of choice for biologists, chemists, and physicists alike. The typical AFM setup combines a sensitive octapoled piezoelectric transducer for *x‐y* scanning, and the third dimension, *z,* correlates to height movement in the piezo linked to an optical lever detection system. Scanning is performed with a thin flexible silicon nitride (Si~3~N~4~) cantilever, 100‐200 µm in length, with an integrated pyramidal probe tip 4 to 8 µm tall with a radius of curvature of 5 to 10 nm at tip apex (Figure [3](#rth212313-fig-0003){ref-type="fig"}A). The cantilever is moved over the sample (*x‐*and *y‐*axis) and deflected (*z*‐axis) according to the height of the sample (ie, scanning mode). The cantilever deflection (*d*) is registered onto a quadrant photo diode from reflected laser and provides a quantitative signal for the applied force (*F*). This information can be now used to calculate *F* based on Hooke's law: *F = −k d*, where *k* is the calibrated spring constant of the cantilever. Alternatively, the cantilever can be pressed on the sample (ie, tapping mode), and the forces needed to deflect it are measured (Figure [3](#rth212313-fig-0003){ref-type="fig"}B, [3](#rth212313-fig-0003){ref-type="fig"}, and [3](#rth212313-fig-0003){ref-type="fig"}), or it can be used to pull on the sample using an adhesive tip. Determination of the spring constant *k* of the AFM cantilever is the most critical step of setting up an AFM experiment. This can be measured by applying classical cantilever‐beam theory (or Euler--Bernoulli beam theory) to determine the spring constant of the cantilever under investigation with cantilever tips shaped as a sphere, cone, or a pyramid and taking into account the geometric constrains of the cantilever (Figure [3](#rth212313-fig-0003){ref-type="fig"}A). Furthermore, after data acquisition, it is also necessary to apply suitable theoretical models such as Hertz, Sneddon, Derjaguin--Müller--Toporov, and Johnson--Kendall--Roberts (JKR) models to extract mechanical properties of biological systems.[30](#rth212313-bib-0030){ref-type="ref"}

![A, Schematic representation of a typical rectangular cantilever with a pyramidal sharp tip used for AFM and the equation for determination of cantilever spring constant k based on beam theory; C, 3D topography (height) and D, Young's modulus E of a single platelet spreading on fibrinogen passivated surface obtained by force‐volume imaging by acquiring force‐distance curves in *x‐y* plane. (B, C, and D adapted and modified from Sorrentino et al.[44](#rth212313-bib-0044){ref-type="ref"}) E, Schematic diagram of single platelet force spectroscopy using flat cantilever to assess biomechanical forces generated during single platelet adhesion at the tip of the cantilever. Single platelet firmly adhering on the lower side of a collagen‐coated tipless cantilever (fplatelet labeled with plasma membrane dye DiI and imaged with confocal florescence microscopy) lowered along the *z*‐axis (Step 1) and allowed to approach and contact briefly with collagen coated substrate (Step 2) to facilitate adhesion. Next, the cantilever is then retracted along *z*‐axis in (Step 3) to allow the platelet to detach from the adhesive substrate (Step 4). These steps are repeated several hundreds of times in *x‐*, *y‐,* and *z*‐axis to scan a defined area to obtain precise quantification of single platelet adhesion and spreading forces (g) on different substrates. (E, F, and G are adapted and modified from Nguyen et al.[46](#rth212313-bib-0046){ref-type="ref"})](RTH2-4-386-g003){#rth212313-fig-0003}

Since its development in the early 1990's, AFM has accelerated our understanding of biophysical properties governing hemostasis at the molecular and cellular levels.[31](#rth212313-bib-0031){ref-type="ref"}, [32](#rth212313-bib-0032){ref-type="ref"}, [33](#rth212313-bib-0033){ref-type="ref"}, [34](#rth212313-bib-0034){ref-type="ref"}, [35](#rth212313-bib-0035){ref-type="ref"}, [36](#rth212313-bib-0036){ref-type="ref"}, [37](#rth212313-bib-0037){ref-type="ref"}, [38](#rth212313-bib-0038){ref-type="ref"}, [39](#rth212313-bib-0039){ref-type="ref"}, [40](#rth212313-bib-0040){ref-type="ref"} With respect to surface characterization of platelets using AFM in scanning mode, Fritz et al[41](#rth212313-bib-0041){ref-type="ref"}, [42](#rth212313-bib-0042){ref-type="ref"} were first to report on detailed topography maps of human platelets upon adhesion and spreading on glass substrates. Subsequent tapping‐mode AFM tip‐based indentation imaging studies revealed the elastic modulus of adherent human platelets to be in the range of 1 to 50 kPa.[43](#rth212313-bib-0043){ref-type="ref"} It was found that platelet granulomere was the softest part of platelets (1.5‐4 kPa), and areas surrounding the granulomere were heterogeneous in their stiffness (10‐40 kPa), while platelet edges were the stiffest (up to 53 kPa). Since the subcortical architecture of actin cytoskeleton influences elastic modulus of cells, the observed increased stiffness at platelet edges is a result of shorter, densely packed, and homogeneous distribution actin filaments.[43](#rth212313-bib-0043){ref-type="ref"} These observations were recently confirmed by Sorrentino et al,[44](#rth212313-bib-0044){ref-type="ref"} who investigated the mechanical stiffness of thrombin‐activated single platelets spreading on fibrinogen surface by force‐volume mapping by acquiring force‐distance curves in *x‐y* plane (Figure [3](#rth212313-fig-0003){ref-type="fig"}B‐D) revealing Young's modulus of platelet granulomere to be 32 kPa, and the peripheral regions showed higher stiffness of \~224 kPa.

Using bulk methods, it has been shown previously that elasticity of platelet‐rich clots is 10‐fold greater (\~600 Pa) than the elasticity of a clot devoid of platelets (\~70 Pa). This is mainly due to high contractile forces generated by platelet actomyosin machinery on the fibrin network. To investigate these processes at single‐platelet level, Lam et al[9](#rth212313-bib-0009){ref-type="ref"}, [45](#rth212313-bib-0045){ref-type="ref"} and Chaudhuri et al[9](#rth212313-bib-0009){ref-type="ref"}, [45](#rth212313-bib-0045){ref-type="ref"}used a custom‐designed AFM setup that simultaneously allowed single‐platelet manipulation and fluorescence imaging from the sides. A single platelet was suspended between a flat AFM cantilever passivated with fibrinogen and a fibrinogen‐coated planar surface. The subsequent adhesion and spreading of the platelet between both fibrinogen surfaces generates adhesive and contractile forces that induce cantilever bending, which was the readout for quantifying the generated forces. This approach for the first time revealed that single platelets undergo instantaneous contact activation on fibrinogen while generating average maximum contractile and adhesive forces of 29 nN and 70 nN, respectively. These forces peaked at 2 to 3 minutes after contact with fibrinogen and were sustained beyond 15 minutes.[9](#rth212313-bib-0009){ref-type="ref"} Furthermore, when platelets were held under an isometric clamp, they exerted higher force (2‐fold increase) and became stiffer and more adhesive. This implies that platelets are able to modulate their contractile forces depending of the mechanical properties of the microenvironment. Recently, Nguyen et al,[46](#rth212313-bib-0046){ref-type="ref"} using a similar approach investigated adhesive and rupture forces generated by single platelets (Figure [3](#rth212313-fig-0003){ref-type="fig"}E‐G) and between 2 single platelets adhered to ECM proteins. Single‐platelet interaction assays showed that human platelets produce an adhesion force of 23 ± 5 nN and ≥35 ± 4 nN on fibronectin and collagen type 1, respectively. However, when 2 individual platelets were brought into contact, the platelet‐platelet interaction forces were found to be much lower, 1.50 ± 0.05 nN, when platelets adhered on collagen and 2.01 ± 0.05 nN when they adhered on fibronectin. These observations suggest that single platelets generate differential adhesion forces on different ECM substrates, which may depend on platelet activation states.

One of the most complex sets of multiple biomolecular direct and indirect interactions occurs when platelets engage with Gram‐negative and Gram‐positive bacteria.[47](#rth212313-bib-0047){ref-type="ref"}, [48](#rth212313-bib-0048){ref-type="ref"} These interactions often lead to platelet activation and in part contribute to the pathophysiology of infective endocarditis and disseminated intravascular coagulopathy. So far, little is known about how these interactions come into play and how this affects platelet activation from a biophysical perspective. Using AFM imaging, Xu and Siedlecki[49](#rth212313-bib-0049){ref-type="ref"} showed that platelet adhesion to *Staphylococcus epidermidis* is mainly promoted by fibrinogen and fibronectin, which induces platelet activation, resulting in bacteria/platelet aggregates. These observations may further explain recently observed platelet‐bacteria interactions leading to bacterial capture and their killing. Biomechanical properties of platelets are important, as bacterial killing by platelets is dependent on the integrity of the platelet acto‐myosin complex.[50](#rth212313-bib-0050){ref-type="ref"}, [51](#rth212313-bib-0051){ref-type="ref"} Additionally, bacterial secret products such as pore‐forming toxins: α‐hemolysin (from *Staphylococcus aureus*) and streptolysin O (from *Streptococcus pyogenes*), which are known to permeabilize platelet membranes.[52](#rth212313-bib-0052){ref-type="ref"} AFM made it possible to obtain detailed dynamic maps and kinetics of elasticity changes in the presence of streptolysin O on the platelet plasma membrane.[53](#rth212313-bib-0053){ref-type="ref"} Streptolysin O induced a gradual increase in platelet elasticity starting from the granulomere, then spreading to the periphery. Upon stabilization of the F‐actin cytoskeleton by phalloidin, streptolysin O--treated platelets undergo a marked decrease in their stiffness. These intriguing observations highlight the role of major cytoskeletal proteins to stabilize plasma membrane elasticity in platelets.

Although AFM has emerged as an excellent tool for precise measurements of single‐platelet biomechanics, there are still many limitations mainly related to tip scan speed (temporal resolution for profiling rapid changes in platelet shape) and scan area, thereby restricting the throughput to a few adherent platelets. Additionally, single‐platelet force spectroscopy experiments require immobilization of platelets to measure forces, either on the cantilever or on the solid phase. This immobilization procedure may cause undesirable platelet preactivation, may affect adhesion kinetics, and potentially introduce additional artifacts including operator bias. However, such artifacts can be minimized by carefully selecting immobilizing substrates depending on the scientific objectives.[46](#rth212313-bib-0046){ref-type="ref"} Recently, automation and parallelization combined with positioning of cells on prepatterned adhesive substrates have achieved higher‐throughput measurements of cell mechanics using AFM.[54](#rth212313-bib-0054){ref-type="ref"}, [55](#rth212313-bib-0055){ref-type="ref"} However, these advanced setups are not widely available yet.

2.3. Scanning ion‐conductance microscopy {#rth212313-sec-0007}
----------------------------------------

Scanning ion‐conductance microscopy (SICM) is a label‐free, nonforce contact, noninvasive, and high‐resolution topography imaging technique suitable for biophysical characterization of biological samples from several micrometers down to molecular resolution of few nanometers.[56](#rth212313-bib-0056){ref-type="ref"}, [57](#rth212313-bib-0057){ref-type="ref"}, [58](#rth212313-bib-0058){ref-type="ref"} The resolution limit in SICM is mainly determined by the nanopipette inner radius, which is typically in the range of 8 nm up to 2 µm.[56](#rth212313-bib-0056){ref-type="ref"}, [59](#rth212313-bib-0059){ref-type="ref"}, [60](#rth212313-bib-0060){ref-type="ref"} In addition, SICM is also capable of monitoring surface charge and ion flux across membranes during topography imaging of biological samples.[61](#rth212313-bib-0061){ref-type="ref"}, [62](#rth212313-bib-0062){ref-type="ref"} The working principle of SICM is based on precise measurement of ionic current that flows between a quasi‐reference counter electrode (QRCE) inside a borosilicate glass nanopipette and a second QRCE immersed in an electrolyte solution connected to a feedback control system that maintains the pipette‐sample distance along a vertical axis (*z*) during the lateral scanning process (Figure [4](#rth212313-fig-0004){ref-type="fig"}A).[63](#rth212313-bib-0063){ref-type="ref"} Topography imaging is then performed by immersing the nanopipette in the bath, where the ion current is limited initially by the resistance of the pipette. As the pipette gradually approaches the surface (eg, platelet membrane), the ion current (*I~L~)* reduces. This reduction in ion current is used for distance feedback control and high‐resolution noncontact topographical imaging. In order to map the local biomechanical properties such as elasticity, SICM uses application of hydrostatic pressure (0.1‐150 kPa) through the nanopipette aperture at the surface of a cell membrane (Figure [4](#rth212313-fig-0004){ref-type="fig"}B). The deformation of membrane triggers the distance feedback control, adjusting the nanopipette position, thereby keeping the reduction in ion current at a constant value. Since the pipette position *z* (Figure [4](#rth212313-fig-0004){ref-type="fig"}A and [4](#rth212313-fig-0004){ref-type="fig"}) is a function of applied hydrostatic pressure and corresponding response of the mechanical properties of the cell beneath the pipette, one can noninvasively locally indent the cell membrane.[64](#rth212313-bib-0064){ref-type="ref"}, [65](#rth212313-bib-0065){ref-type="ref"} This facilitates simultaneous noncontact true topography imaging and biomechanical characterization of platelets (Figure [4](#rth212313-fig-0004){ref-type="fig"}C and [4](#rth212313-fig-0004){ref-type="fig"}).[66](#rth212313-bib-0066){ref-type="ref"} Recently, SICM has attracted considerable attention among platelet biologists and is fast emerging as the method of choice for high‐speed morphometric and biomechanical characterization of single platelets.[67](#rth212313-bib-0067){ref-type="ref"} Using SICM, Rheinlaender et al[66](#rth212313-bib-0066){ref-type="ref"} elegantly demonstrated simultaneous imaging of morphodynamics at submicrometer resolution and showed that the mean elastic modulus of single platelets during spreading increased 5‐fold from 3 to 15 kPa within 20 minutes. In addition, in the presence of thrombin, the elastic modulus of platelets decreased significantly from 12.4 kPa (resting platelet) to 7.5 kPa (thrombin activation) with a mean softening time of 7.1 minutes. Surprisingly, in platelets treated with cytochalasin D, mean elastic modulus decreased from 11.1 kPa to 6.5 kPa with a mean softening time of 2.7 minutes. These findings revealed platelet activation by thrombin and cytoskeleton depolymerization by cytochalasin D result in differential spatial distributions of the stiffening and softening regions on platelets, respectively. Subsequent SICM investigations of contribution of motor proteins such as dynein in the presence of inhibitors ciliobrevin D and erythro‐9‐(2‐hydroxy‐3‐nonyl)‐adenine revealed decreased contact‐induced platelet spreading activity in thrombin‐treated platelets, whereas blebbistatin (myosin II inhibitor), Y‐27632 (ROCK inhibitor), nocodazole (microtubule polymerization inhibitor), and aurintricarboxylic acid‐ATA (kinesin ATPase inhibitor) showed no significant effects.[68](#rth212313-bib-0068){ref-type="ref"} Recently, in a clinically relevant study, SICM was found to be a useful label‐free morphometric biophysical tool for obtaining fast 3‐dimensional (3D) topographic images to unravel a critical role of platelet‐derived high‐mobility group box 1 (HMGB1) in trauma and hemorrhagic shock, linking inflammation and microvascular thrombosis.[69](#rth212313-bib-0069){ref-type="ref"} Platelet‐derived HMGB1 was instrumental on acceleration of adhesion speed and increased spreading area of platelets on collagen and von Willebrand factor (VWF). Similarly, 3D topographic measurements using SICM have shown that platelets deficient in anaphylatoxin receptor C3aR exhibit a reduced spreading area on fibrinogen after thrombin stimulation compared to their normal platelets.[70](#rth212313-bib-0070){ref-type="ref"} These observations indicate a role of complement activation fragment C3a and C3aR for platelet function during thrombus formation.

![A, Schematics of scanning ion conductance microscopy (SICM) used for high‐resolution topography imaging and biomechanical characterization of adherent platelets. The SICM setup consists of a pressure‐controlled borosilicate glass nanopipette with a Ag/AgCl electrode and a second electrode connects the electrolyte‐filled culture dish with the nanopipette. The culture dish is mounted on a sample scanner that drive in *x* and *y*‐axis (for lateral movement) and *z*‐piezo motors (for vertical scanning). An applied voltage between 2 electrodes induces an ionic leakage current IL through the electrolyte‐filled nanopipette, which depends on the distance d between pipette and sample. A controller records this ion current and drives the *xy*‐ and *z*‐piezo. For cell biological applications the SICM can be easily integrated with an optical microscope. B, Theoretical modeling using in silico finite element mechanics (FEM) simulation and calculations showing resulting deformation of an elastic sample as a function of the vertical SICM nanopipette position upon application of fluid flow induced by the pressure p0 applied to the upper pipette end.; C, Representative SICM 3D topography and Young's modulus mapping of spreading platelets. (Figure adapted and modified from Rheinlaender and Schaffer[65](#rth212313-bib-0065){ref-type="ref"} and Rheinlaender et al.[66](#rth212313-bib-0066){ref-type="ref"})](RTH2-4-386-g004){#rth212313-fig-0004}

Even though SICM has attracted a broader attention of biologists, most SICM instrument setups do not allow fast and large‐area scanning of live biological samples. For those interested in simultaneous mapping of platelet topography and elastic properties, the time factor is of key importance, since platelet morphodynamics occur within seconds in response to agonists. Recent technical improvements in SICM instrument design have specifically addressed these challenges and facilitate imaging of a 20 × 20 μm^2^ scan area within 10 seconds.[71](#rth212313-bib-0071){ref-type="ref"} It is foreseen that adaptation of these technical improvements will generate a broader appeal of SICM and pave the way for new discoveries in platelet biology.

3. TRACTION FORCE MEASUREMENTS {#rth212313-sec-0008}
==============================

Platelets exert traction (or contractile) forces. These are generated by the actomyosin‐motor protein complex in activated platelets upon specific receptor‐ligand interactions on exposed subendothelial ECM during blood clot and thrombus formation.[72](#rth212313-bib-0072){ref-type="ref"}, [73](#rth212313-bib-0073){ref-type="ref"} Broadly categorized under traction force microscopy (TFM), several methods are currently available to precisely measure and quantify cellular traction forces at a single or multicellular level in 2D and 3D.[74](#rth212313-bib-0074){ref-type="ref"} In principle, these techniques rely on quantitative light microscopy to measure substrate displacements, which are then converted into forces. However, substrate preparation methods, implementation, modeling and data analysis of TFM varies between different approaches.[75](#rth212313-bib-0075){ref-type="ref"}, [76](#rth212313-bib-0076){ref-type="ref"} To measure traction forces produced by platelets, displacement tracking by TFM on hydrogel substrates and bending of elastomeric micropillar arrays are most commonly used.

3.1. TFM on hydrogel substrates {#rth212313-sec-0009}
-------------------------------

TFM on hydrogel substrates is a versatile and perturbation‐free approach to access cellular forces from single cells up to tissue levels. In its simplest implementation, TFM on hydrogel substrates measures cell‐exerted traction forces from the spatial images of substrate stress by tracking the displacement of fiducial markers such as fluorescent tracer beads embedded in a continuum soft elastic substrate that undergoes linear deformations (Figure [5](#rth212313-fig-0005){ref-type="fig"}A and [5](#rth212313-fig-0005){ref-type="fig"}).[77](#rth212313-bib-0077){ref-type="ref"} Traction forces are then computed by applying appropriate assumptions/constraints, taking into account substrate stiffness and its deformation in response to traction force and boundary conditions such as cell geometry. The resolution of measured force relies on substrate stiffness, density of tracer beads, image acquisition parameters, and the mathematical algorithm applied for data assessment.[76](#rth212313-bib-0076){ref-type="ref"}, [78](#rth212313-bib-0078){ref-type="ref"}, [79](#rth212313-bib-0079){ref-type="ref"}

![A, Schematic diagram showing set‐up of a traction force microscopy experiment using fibrinogen passivated hydrogel of known stiffness embedded with of fiducial marker microbeads; B, Resting platelets are seeded low densities on the fibrinogen passivated hydrogel surface. Upon thrombin stimulation, activated platelets adhere, spread, and ultimately contract resulting in generation of "traction forces" over the entire process. These forces exert mechanical tension on the hydrogel that leads to displacement of embedded microbeads. These displacements can be precisely imaged and tracked overtime with a fluorescence microscope. Post‐image acquisition, image‐processing algorithms are used to compute displacement fields that provide spatial and temporal dynamics of platelet generated traction forces](RTH2-4-386-g005){#rth212313-fig-0005}

Blood clots are mainly composed of platelets, red blood cells, and a dense network of fibrin fibers. During hemostasis, the terminal stage of blood clot maturation by platelet‐driven clot retraction and fibrin matrix remodeling is one of the physiologically most relevant mechanisms where integrin αIIbβ3‐mediated fibrin interactions and contractile force generation by the actomyosin complex acting through talin comes into play.[80](#rth212313-bib-0080){ref-type="ref"} Primarily, this allows for reestablishing nonobstructed blood flow and normal hemodynamics past otherwise obstructive thrombi within a blood vessel.[81](#rth212313-bib-0081){ref-type="ref"} Although the biochemical nature of this process is well understood, the mechanobiological principles have remained elusive. Using TFM, Schwarz Henriques et al[82](#rth212313-bib-0082){ref-type="ref"} showed for the first time temporal evolution of contractile forces in thrombin‐activated platelets spreading on fibrinogen functionalized polyacrylamide gel with a physiologically relevant elastic modulus of 4 kPa. They observed, upon reaching steady state after 25 minutes, that single platelets were able to exert a traction field (ie, displacement field of gel surface) as large as ≈3.3 × 10^3^ Pa with total forces in the range of ≈34 nN. Using polyacrylamide gels with a tunable elastic modulus, Qiu et al[83](#rth212313-bib-0083){ref-type="ref"} observed that fibrinogen functionalized stiffer gels (elastic modulus of 5.0 kPa and 50 kPa) promoted platelet adhesion, spreading, and activation, while on soft gels (0.5 kPa) platelet function was abrogated and was dependent on Rac1 and actomyosin activity. Subsequent TFM experiments on substrates of higher elastic modulus (from 19 kPa up to 83 kPa) revealed that traction forces generated by fully activated platelets were independent of the matrix stiffness.[84](#rth212313-bib-0084){ref-type="ref"} Although platelets generated isotropic contractile traction forces, at the steady state, assessment of force localization showed that these were largest at the periphery of platelets, while the traction force was focused near the platelet granulomere. From a broader perspective, single‐platelet TFM experiments have provided meaningful biophysical insight into how isotropic contractile traction and subsequent mechanotransduction events driven by the actomyosin complex may play an important role in engagement of platelet α~IIb~β~3~ on fibrin during clot retraction in hemostasis.[80](#rth212313-bib-0080){ref-type="ref"} Recently, quantitative fluorescence microscopy provided mechanistic insights into how transmission of contractile forces generated by single platelets occurs via filopodial extensions, which bend and shorten fibrin fibers, thereby causing clot volume shrinkage and alterations at the macro level.[85](#rth212313-bib-0085){ref-type="ref"} Additionally, single‐platelet contractile force measurements also explain the role of mechanotransduction in innate immune responses of platelets such as those involving FcγRIIA‐mediated recognition, sequestration, and killing of immunoglobulin G opsonized bacteria under the platelet granulomere.[51](#rth212313-bib-0051){ref-type="ref"}

TFM has gained wide popularity due to its high sensitivity and relative simplicity. However, traditional TFM suffers from low measurement throughput and artifacts related to variations in hydrogel mechanical properties. To address these drawbacks, a chip‐based high‐throughput platelet contraction cytometer was developed recently.[86](#rth212313-bib-0086){ref-type="ref"} The chip‐based contraction cytometer uses microfabrication technology to fabricate a large array of fibrinogen passivated microdot pairs on a hydrogel substrate with varied stiffness to assess the nanomechanics of hundreds of individual platelets under physiologically relevant conditions. The readout of contractile force output is based on measurement of lateral displacement of 2 adjacent fibrinogen microdots by a single activated platelet. Using a platelet contraction cytometer, Myers et al[86](#rth212313-bib-0086){ref-type="ref"} revealed that platelet‐generated contractile force during clot formation requires both biochemical (eg, thrombin) and mechanical (eg, substrate stiffness) inputs and the mechanosensitive contraction is highly dependent on the Rho/ROCK pathway. Furthermore, assessment of platelet contractile forces from patients with Wiskott‐Aldrich syndrome and MYH9 disorder (nonmuscle myosin IIa mutations) on a platelet contraction cytometer showed that up to 30% of these platelets from patients with cytoskeleton‐related platelet disorders exhibit the near‐zero contractile forces on stiffer substrates, while this was limited to only 6% in healthy controls. These findings are significant, as they point toward the critical role of platelet cytoskeletal machinery at a single‐platelet level in achieving a mechanically stable hemostatic plug.

3.2. Deformable elastomeric micropillar and microbeam arrays {#rth212313-sec-0010}
------------------------------------------------------------

As an alternative to the continuum substrates used in TFM, deformable micropillar (also called as micropost) arrays are uniformly spaced, compliant, vertical elastomeric cylindrical cantilevers made of polydimethylsiloxane (PDMS) of defined dimensions (diameter and height) and stiffness (linearly elastic).[87](#rth212313-bib-0087){ref-type="ref"} In contrast to TFM, the ligand functionalized tips of the micropillars serve as adhesive surfaces.[88](#rth212313-bib-0088){ref-type="ref"} Upon cell adhesion, the displacements of each micropillar in an array is tracked by video microscopy, and the applied force on the cantilever can be calculated from force‐displacement relationship for pure bending of an elastic cylindrical beam using beam theory (Figure [6](#rth212313-fig-0006){ref-type="fig"}A and [6](#rth212313-fig-0006){ref-type="fig"}).[89](#rth212313-bib-0089){ref-type="ref"} Micropillar arrays have been used in a wide variety of contexts, not only to measure cell‐generated forces (as low as 1 nN), but also to analyze the relationship between substrate rigidity and single‐cell responses as well as at the tissue level, thus making it a highly versatile biophysical tool.[90](#rth212313-bib-0090){ref-type="ref"}, [91](#rth212313-bib-0091){ref-type="ref"} Liang et al[92](#rth212313-bib-0092){ref-type="ref"} adapted micropillar arrays spaced at 9 µm apart and passivated with fibrinogen to quantify contractile forces produced by platelets in a microthrombus. The average contractile force produced by a single platelet in microthrombi on micropillars was found to be 2.1 ± 0.1 nN that was dependent on thrombin concentration, while the contractile force increased steadily overtime as the microthrombus grew. These results demonstrated quantitatively for the first time that each platelet acts as an active contractile force--producing unit in the microthrombus and subsequent recruitment of platelets leads to incremental augmentation of total contractile force. Follow‐up investigations by Feghhi et al[93](#rth212313-bib-0093){ref-type="ref"} using fibronectin passivated micropillars revealed that the generation of contractile forces by platelets in microthrombi is regulated by nonmuscle myosin IIA ATPase activity through Rho kinase (ROCK) and myosin light‐chain kinase. Additionally, elastomeric micropillars coated with VWF have been found to be useful in assessing the role of integrin αIIbβ3 and GPIb‐IX‐V complex in mechanotransduction of forces through cytoskeleton at the single‐platelet level.[94](#rth212313-bib-0094){ref-type="ref"} Currently, deformable micropillar arrays are fabricated using a photolithographic technique followed by replica molding using PDMS. However, this labor‐intensive and time‐consuming process limits rapid prototyping necessary for optimizing substrate deformation to increase measurement sensitivity. In addition, fabrication of complex geometries to measure cellular traction forces on 3D substrates is impossible to achieve via replica molding. To address these issues our laboratory has adopted a maskless technique based on direct laser writing using 2‐photon polymerization (2PP) in 3D of photosensitive resists to print high‐resolution deformable micro‐ and nanostructures in 3D.[95](#rth212313-bib-0095){ref-type="ref"} Using 2PP we have 3D printed deformable micropillars as wells as suspended horizontal microbeams that can be functionalized with platelet adhesive ligand of choice (Figure [6](#rth212313-fig-0006){ref-type="fig"}D and [6](#rth212313-fig-0006){ref-type="fig"}).[96](#rth212313-bib-0096){ref-type="ref"} Quantification of micropillar and microbeam deformation upon platelet adhesion showed single platelets generate a mean traction force of 46.3 nN on micropillars of aspect ratio of 1:10 (diameter 700 nm and height 7 µm) and 31.9 nN on microbeams (diameter 400 nm, length 25 µm) functionalized with fibrinogen. We assume these differences in measured forces arise as a result of differential platelet adhesion and spreading that is unique to substrate geometry and depends on ligand‐functionalized surface area (Figure [5](#rth212313-fig-0005){ref-type="fig"}C and [5](#rth212313-fig-0005){ref-type="fig"}). We are currently further investigating these observations to better understand whether platelets sense and modulate traction forces in response to changes in topography and the chemical nature of their microenvironment.

![A, Schematics showing Euler‐Bernouli beam theory as applied to calculation of lateral force (yellow arrow) acting on the free end of a micropillar attached to a solid base leading to its deflection of the vertical micropillar. B, In silico finite element mechanics (SEM) simulation of bending of micropillars upon application of a lateral force of 40 nN acting on the free end of the micropillar causing a maximum defection of 2.62 μm. C, Models of computer‐assisted design (CAD) used for fabrication of deformable elastomeric micropillar (D) and microbeam array microstructures using 2‐photon polymerization (2PP) and 3D printing functionalized with fibrinogen showing comparative differences in platelet spreading and cytoskeletal organization on different substrate geometries](RTH2-4-386-g006){#rth212313-fig-0006}

4. REAL‐TIME DEFORMIBILITY CYTOMETRY {#rth212313-sec-0011}
====================================

Real‐time deformability cytometry is a rapidly emerging mechanophenotyping approach that combines the technique of flow cytometry with measuring cell stiffness using microfluidic technology. As discussed in previous sections, currently available biophysical techniques for biomechanical characterization of platelets are labor intensive, suffer from measurement throughput, and most importantly cannot be performed in complex fluids such as whole blood. These limitations have restricted the adoption of such techniques to investigate platelet biology and function testing for diagnostic purposes in clinical and translational scenarios. Real‐time deformability cytometry (RT‐DC) has shown to be capable of probing single‐cell deformation at \>1000 cells per second in real time in whole blood thereby providing comprehensive biomechanical signatures of individual cell types in blood in a short period of time.[97](#rth212313-bib-0097){ref-type="ref"}, [98](#rth212313-bib-0098){ref-type="ref"} RT‐DC uses application of hydrodynamic shear stress to induce cell deformation as the cells pass through a narrow microfluidic channel (15‐30 µm in cross section). During this passage, the sample is illuminated with a high‐power light‐emitting diode (LED) as a light source and imaged concurrently with a high‐speed camera synchronized with the LED at millisecond intervals and cell contour images are computationally analyzed on the fly, providing rapid insights into cellular physiological states based on their stiffness contributed by cytoskeletal components (Figure [7](#rth212313-fig-0007){ref-type="fig"}A‐C). This approach facilitates extraction of additional quantitative parameters such as cell size and morphology, thus typifying cells and simultaneously characterizing cell deformability at single‐cell resolution without prior separation, enrichment, and labeling procedures.[99](#rth212313-bib-0099){ref-type="ref"} Due to these capabilities, RT‐DC is a promising method with potential relevance to several fields of life sciences.[100](#rth212313-bib-0100){ref-type="ref"} To demonstrate the potential of RT‐DC as a high‐throughput biophysical method for mechanophenotyping platelets, as a proof of principle we exposed human platelets to agonists and cytoskeleton destabilizing chemical agents for 10 minutes and subsequently performed RT‐DC measurements on live platelets (Figure [7](#rth212313-fig-0007){ref-type="fig"}D, unpublished results). Thrombin receptor activator for peptide 6 (TRAP‐6) treated platelets deformed less, that is, platelets became stiffer (median deformation, 0.0475, n = 2813 single platelets), whereas cytochalasin D and blebbistatin showed increased deformation, that is, platelets became softer (0.166, n = 3651; and 0.176, n = 3479, respectively), in comparison to resting platelets (0.139, n = 4013). Our preliminary results are encouraging since they hint at the role of the platelet cytoskeleton contributing to intrinsic biomechanical deformation characteristics of platelets depending on their physiological state. We are currently evaluating the suitability of RT‐DC to understand the relationship between platelet activation status and corresponding biomechanical characteristics as a novel approach for platelet function testing, quality control of platelets during storage, and diagnostics of inherited platelet diseases related to the cytoskeleton.

![The real‐time deformability cytometry (RT‐DC) microfluidic chip connected to a flow unit (A) consist of dedicated inlets for sheath fluid and for cells/platelets, which combine into to a channel with narrow constriction zone (B) where cell/platelets undergo deformation as a result of hydrodynamic compression brought about by sheath fluid. A high‐powered light‐emitting diode (LED) is used to illuminate the samples. Images are recorded by a scientific complementary metal--oxide--semiconductor (sCMOS) camera working at high frame rates (≈2000 images/s) that is synchronized with the frequency of illumination time. This combined together with microfluidic flow, RT‐DC allows for mechanoprofiling of \>100 unique cells/platelets per second in a contact‐ and label‐free manner. Platelet deformation (C) is determined on the fly in real time by computational image processing algorithm that taking into account the area and perimeter of the deformed platelet as it passes through the region of interest. Results of a typical RT‐DC measurements involving washed platelets (D) show that unstimulated deform more (ie, softer), while those treated with agonist (TRAP‐6) deform less (ie, stiffer; upper panels). Platelets preincubated with cytochalasin D and blebbistatin lead to increased deformation (ie, softer; lower panels). Data show density maps of deformation against area (μm^2^) from n ≥ 2500 individual platelets from a single experiment](RTH2-4-386-g007){#rth212313-fig-0007}

5. CONCLUSIONS {#rth212313-sec-0012}
==============

Current knowledge of fundamental biochemical and cell biological processes governing thrombosis and hemostasis have been steadily advanced as result of continued development and implementation methods, which vary widely in their readouts, sensitivities, and spatiotemporal resolution on a macroscale. Building on this, using cutting‐edge biophysical methods to manipulate single platelets, one can gain novel insights into biomechanical principles influencing hemostasis and thrombus formation at subnanoscale regimes. Adaptation of the appropriate biophysical platform will mainly depend on the primary research question and on availability and suitability of one or more of the methods described here (Table [1](#rth212313-tbl-0001){ref-type="table"}).

###### 

Comparison of currently available biophysical tools suitable for biomechanical assessment of platelets

+--------------------------------------------------+--------------------------------------------+----------------------------------------+------------------------+--------------------+--------------------+
| Biophysical method                               | Biomechanical properties                   | Restrictions                           | Throughput             | Technical know‐how | Commercial vendors |
+==================================================+============================================+========================================+========================+====================+====================+
| Micropipette aspiration                          | Elastic and viscoelastic                   | Nonadherent/In suspension and adherent | Low                    | Highly skilled     | NA                 |
|                                                  |                                            |                                        |                        |                    |                    |
|                                                  |                                            |                                        | 1‐5 platelets/h        |                    |                    |
+--------------------------------------------------+--------------------------------------------+----------------------------------------+------------------------+--------------------+--------------------+
| Atomic force microscopy                          | Elastic, viscoelastic, and adhesion forces | Adherent                               | Low                    | Highly skilled     | Yes                |
|                                                  |                                            |                                        |                        |                    |                    |
|                                                  |                                            |                                        | 1‐5 platelets/h        |                    |                    |
+--------------------------------------------------+--------------------------------------------+----------------------------------------+------------------------+--------------------+--------------------+
| Scanning ion conductance microscopy              | Elastic and viscoelastic                   | Adherent                               | Low                    | Highly skilled     | Yes                |
|                                                  |                                            |                                        |                        |                    |                    |
|                                                  |                                            |                                        | 1‐10 platelets/h       |                    |                    |
+--------------------------------------------------+--------------------------------------------+----------------------------------------+------------------------+--------------------+--------------------+
| Traction force microscopy on hydrogel substrates | Adhesion and contraction                   | Adherent                               | Medium to high         | Skilled            | NA                 |
+--------------------------------------------------+--------------------------------------------+----------------------------------------+------------------------+--------------------+--------------------+
| Micropillars and deformable 3D substrates        | Adhesion and contraction                   | Adherent                               | Medium                 | Skilled            | Yes                |
+--------------------------------------------------+--------------------------------------------+----------------------------------------+------------------------+--------------------+--------------------+
| Real‐time deformability cytometry                | Deformability                              | Nonadherent/In suspension              | Very high              | Skilled            | Yes                |
|                                                  |                                            |                                        |                        |                    |                    |
|                                                  |                                            |                                        | 100‐1000 platelets/sec |                    |                    |
+--------------------------------------------------+--------------------------------------------+----------------------------------------+------------------------+--------------------+--------------------+

John Wiley & Sons, Ltd

Due to the highly interdisciplinary nature of these investigations, clinicians and basic scientists are encouraged to collaborate extensively to maximize the potential of many of such biophysical methods to address outstanding questions in platelet biology.
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